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ABSTRACT: Nanoplasmonic sensors have emerged as a
promising measurement approach to track biomacromolecular
interactions involving lipid membrane interfaces. By taking
advantage of nanoscale fabrication capabilities, it is possible to
design sensing platforms with various architectural configurations.
Such capabilities open the door to fabricating lipid membrane-
coated nanoplasmonic sensors with varying degrees of membrane
curvature in order to understand how biomacromolecular
interaction processes are influenced by membrane curvature.
Herein, we employed an indirect nanoplasmonic sensing approach
to characterize the fabrication of supported lipid bilayers (SLBs)
on silica-coated nanowell and nanodisk sensing platforms and to investigate how membrane curvature influences membrane−
peptide interactions by evaluating the corresponding measurement responses from different spectral signatures that are sensitive
to specific regions of the sensor geometries. SLBs were prepared by the vesicle fusion method, as monitored in real-time by
nanoplasmonic sensing measurements and further characterized by fluorescence recovery after photobleaching (FRAP)
experiments. By resolving different spectral signatures in the nanoplasmonic sensing measurements, it was determined that
peptide binding induces membrane disruption at positively curved membrane regions, while peptide binding without subsequent
disruption was observed at planar and negatively curved regions. These findings are consistent with the peptide’s known
preference to selectively form pores in positively curved membranes, providing validation to the nanoplasmonic sensing approach
and highlighting how the integration of nanoplasmonic sensors with different nanoscale architectures can be utilized to study the
influence of membrane curvature on biomacromolecular interaction processes.

Nanoplasmonic sensing represents an emerging surface-
sensitive measurement technique for studying biomacro-

molecular interactions that occur at lipid membrane inter-
faces.1−5 Structural transformations involving adhered lipid
vesicles at solid−liquid interfaces as well as biomolecule- and
nanoparticle-induced interaction processes have been charac-
terized in detail using nanoplasmonic sensor arrays comprised
of noble metal nanostructures on glass substrates.6−16 These
measurement capabilities have been aided by the growing
maturity of nanofabrication technologies to produce nano-
structured arrays, leading to robust sensing performance with a
high level of reproducibility.17−20 In typical cases, the
interaction of nonperiodic, well-separated metallic nanostruc-
tures with incident light results in the excitation of localized
surface plasmons that leads to maximum light extinction at a
resonant wavelength that is known as the extinction peak
(λmax). Changes in the local dielectric environment in the near
vicinity of the nanostructures lead to slight alterations in the
corresponding extinction spectra, including a shift in the peak

wavelength (Δλmax). Taking into account the surface sensitivity
of the measurement platform and experimental conditions,
interpreting such data can provide a wealth of information
about interaction processes occurring across the entire sensor
surface.
As fabrication advances continue, it has become possible to

tailor the architecture and surface chemistry of nanoplasmonic
sensing platforms.18,21−28 This tailoring enables greater control
over the fabrication of conformal supported lipid membranes
on sensor surfaces and ultimately expands the capability of
nanoplasmonic sensors to explore different aspects of
membrane-related interaction processes. To this end, we and
others have successfully employed oxide-coated gold nanodisk
arrays with different surface sensitivities to quantitatively
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characterize vesicle adsorption12,16,29 and surface-induced shape
deformation12,30 as well as supported lipid bilayer (SLB)
formation.10,11,29 One area of particular interest has been the
fabrication of nanoplasmonic arrays comprised of more
complex nanoscale architectures such as nanoholes31−33 and
nanopores34−36 that give rise to optical extinction spectra with
multiple spectral features that not only have distinct electro-
magnetic field enhancements but are also sensitive to different
geometrical regions of the sensor surface.37 Altogether, the

capability to fabricate conformal supported lipid membranes
across nanostructured arrays with different geometries together
with positional sensing opens the door to studying how
membrane curvature affects biomacromolecular interaction
processes.
Indeed, membrane curvature is one of the most important

factors influencing biomacromolecular interaction processes
while also proving one of the most difficult to study.38−47 It also
provides the basis for biotechnology and medical applications

Figure 1. (a) Schematic illustration of AH peptide interaction with conformal supported lipid bilayer on a silica-coated plasmonic nanodisk,
accompanied by a representative top-down SEM image of a gold nanodisk array. (b) Schematic illustration of AH peptide interaction with conformal
supported lipid bilayer on a silica-coated plasmonic nanowell, accompanied by a representative tilt-angle cross-sectional SEM image of a gold
nanowell array; the inset shows the magnified view of a single nanowell. Evolution of the extinction spectra during buffer-glycerol titration
measurements (0−30 wt % glycerol in buffer) on (c) gold nanodisk and (d) gold nanowell arrays. (e) Bulk refractive index sensitivity plots of
nanodisk peak responses from panel c. (f) Bulk refractive index sensitivity plots of nanowell peak (black square) and dip (red circle) responses from
panel d.
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such as utilizing an amphipathic, α-helical (AH) peptide to
selectively form pores in small lipid vesicles (∼150 nm diameter
or smaller) with high positive membrane curvature.48 Above a
certain density of AH peptide-induced pores in a lipid vesicle,
membrane lysis occurs and these capabilities can be translated
into the development of antiviral strategies that work against
enveloped viruses.49 Such possibilities highlight the importance
of developing quantitative measurement strategies to probe
membrane curvature effects on biomacromolecular interaction
processes. To date, the influence of membrane curvature on
AH peptide-induced membrane disruption has been mainly
investigated using intact vesicles.47−52 While this measurement
approach has shed light on membrane curvature-dependent
processes, the current approaches are limited to studying
positive membrane curvature with intact vesicles, and it is
challenging to tightly control the vesicle size distribution and,
hence, the degree of membrane curvature. To overcome these
challenges, the development of surface-templated supported
lipid membranes, whereby membrane curvature can be
precisely controlled by leveraging the favorable energetics of
lipid−substrate interactions to coat nanostructured sensor
arrays with conformal SLBs, represents a promising goal. To
this end, it was recently demonstrated that nanoplasmonic
sensing measurements can detect preferential analyte binding
to regions of negative membrane curvature in SLB-coated
nanowell configurations.37 Extending such approaches to
decipher how biomacromolecular interaction processes are
influenced by the particular type of membrane curvature
(positive or negative) would greatly advance measurement
capabilities.
Herein, we employed an indirect nanoplasmonic sensing

approach to characterize the fabrication of supported lipid
bilayers (SLBs) on silica-coated nanowell and nanodisk sensing
platforms and to investigate how membrane curvature
influences membrane-peptide interactions. The silica coating
provided a suitable interface for fabricating conformal SLBs on
nanoplasmonic sensing platforms with different architectural
features. Spectral signatures in the measurement responses of
each sensing platform are sensitive to specific regions of the
sensor geometries, and hence interpreting particular spectral
features, and combinations thereof, can provide insight into
how membrane curvature, the type and extent of which is
determined by nanoscale architecture, influences biomacromo-
lecular interaction processes, as exemplified by the binding
interaction of AH peptide.

■ EXPERIMENTAL SECTION
Nanowell Array Fabrication. The nanowell arrays were

fabricated via colloidal lithography on fused silica substrates, as
previously described.36 Briefly, the colloidal pattern was created
in the form of a short-range ordered monolayer of
monodisperse polystyrene particles ∼150 nm in diameter,
after which the diameter was reduced to ∼100 nm by O2
plasma treatment.53 Gold and alumina were deposited by
physical vapor deposition to thicknesses of 30 and 20 nm,
respectively. After removing the colloids, anisotropic dry
etching was employed to create nanowells with a depth of
∼200 nm. This was followed by the removal of alumina by
cleaning with H2O2 and NH3.

36 Finally, a conformal layer of
silicon nitride was deposited to a thickness of 20 nm via plasma-
enhanced chemical vapor deposition.
Indirect Nanoplasmonic Sensing. Experiments were

performed using fabricated silicon nitride-coated gold nanowell

arrays, as well as silicon nitride-coated nanodisk arrays
(Insplorion AB, Gothenburg, Sweden). The sensor chips
were assembled within the measurement cell of the Insplorion
XNano instrument (Insplorion AB) and ensemble-averaged
nanoplasmonic sensing measurements were conducted in
transmission mode, as previously described.30 Prior to each
experiment, the sensor chips were thoroughly rinsed with 1 wt
% sodium dodecyl sulfate (SDS) in water and ethanol and dried
with a stream of nitrogen gas. The chips were then treated with
oxygen plasma (Harrick Plasma, Ithaca, NY) before being
loaded into the measurement cell. Of note, although silicon
nitride was the base material for the conformal coatings, oxygen
plasma treatment results in the formation of a silica layer on the
sensor surface, and hence the coatings are referred to as silica
coatings.54 A peristaltic pump (Reglo Digital, Ismatec,
Glattbrugg, Switzerland) was used to introduce the liquid
sample into the measurement cell at a constant flow rate of 100
μL/min. All measurement data were collected using the
Insplorer software package (Insplorion AB) with a time
resolution of 1 Hz. The resolution of particular spectral
features, and their centroid positions (denoted as λ), was
determined by high-order polynomial fitting.55

■ RESULTS AND DISCUSSION

Sensor Characterization. To fabricate lipid-coated nano-
plasmonic sensors with varying degrees of membrane curvature,
two sensor arrays with distinct architectural configurations were
utilized and were comprised of randomly arranged silica-coated
gold nanodisks and nanowells fabricated via hole-mask colloidal
lithography (HCL)19 and colloidal lithography followed by dry
etching, respectively.36 The nanodisk structure represents a
shallow protrusion measuring 100 nm in diameter and 20 nm in
height, with a sputter-coated conformal silica overlayer of ∼10
nm thickness. The overlayer provides a solid support that is
conducive to forming conformal SLBs with mainly planar
geometries and a low degree of positive curvature (i.e., slightly
convex) around the edges of the nanodisks (Figure 1a). On the
other hand, the nanowell structure represents a deep cavity
measuring 150 nm in diameter and 200 nm in depth, with a
silica overlayer of 20 nm thickness. The sensor geometry is
conducive to forming conformal SLBs with planar geometries
as well as SLBs with sharp positive (i.e., highly convex) and
sharp negative (i.e., highly concave) membrane curvatures37

(Figure 1b).
Owing to the different sensor geometries, illumination with

incident light yields slightly distinct optical phenomena arising
from different plasmon modes. While the excitation of surface
plasmons from noninteracting nanodisks on the sensor surface
contributes to a localized surface plasmon resonance (LSPR)
mode with a single peak in the extinction spectrum, the
excitation of propagating and localized surface plasmons on the
nanowell array results in an asymmetric resonance feature
manifested by a peak and a dip in the extinction spectrum.33,36

In the latter, case, the near-field distribution and refractometric
sensitivity at the peak wavelength corresponds to the planar
surface and the upper rim of the nanowell. In contrast, the dip
is mainly sensitive to refractive index changes inside the cavity,
and the interior base exhibits negative membrane curvature. As
the response sensitivities of the modes vary gradually along the
vertical axis of the nanowell, molecular binding events can be
spatially resolved. On the other hand, the nanodisk array
consists of a mainly planar geometry (with a relatively low
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extent of positive curvature) to rule out sharp (highly
convexed) curvature-dependent interactions.
For both sensing platforms, the measurements were

conducted in transmission mode and the corresponding
extinction spectra yielded discernible measurement signatures.
The extinction spectra from the nanodisk array in buffer
exhibited a single peak located at around 720 nm (Figure 1c).
On the other hand, the extinction spectra from the nanowell
array in buffer exhibited two dips located at around 510 nm
(short dip) and 835 nm (long dip) as well as a peak at around
675 nm (Figure 1d). The peak mainly arises from Bloch wave
coupling to surface plasmon modes with symmetric charge
distribution across the gold film.33 By contrast, the dip at the
longer wavelength corresponds to a resonance with a field
enhancement that is more focused on the nanowell interior.33,53

The shorter wavelength dip is merely an effect of increasing
absorption by gold in the blue spectral region.
Following this line, we next evaluated the bulk refractive

index sensitivities of the gold nanodisk peak as well as the gold
nanowell peak and dips. This approach allowed us to evaluate
sensing performance while also facilitating measurement
comparison across sensing platforms. Indeed, we have
previously shown that the normalization of absolute plasmonic
peak shifts with the bulk refractive index sensitivity of different

sensor surfaces enables the direct comparison of mass adsorbed
across different surfaces.30 The bulk refractive index sensitivity
of the gold nanodisk peak was determined to be around 101
nm/RIU (Figure 1e). While the short dip of the gold nanowell
is insensitive to any change in bulk refractive index, the bulk
refractive index sensitivities of the peak and long dip were
found to be 136 and 220 nm/RIU, respectively (Figure 1f).
These values are in good agreement with previous results,
which showed that the bulk refractive index of the dip is
generally higher than the peak.36,37 It was also determined that
the different spectral signatures have sufficiently high resolution
for detecting biomacromolecular interaction processes occur-
ring at the sensor surface (Figure S1).
Numerical simulations further revealed a strong field

enhancement around the nanowell structure (Figure S2).
While it is challenging to implement the exact structure
geometry in simulations, the results clearly showed that the
field enhancement inside the nanowells is higher for the dip
than for the peak. This finding supports that the dip is sensitive
to interactions occurring not only at the base of the nanowell
but across a significant region of the nanowell sidewall as well.
While the nanodisk and nanowell sensing platforms have
distinct nanostructured geometries and involve excitation of

Figure 2. (a) Time-resolved peak and dip shifts tracking SLB formation on silica-coated nanowell array, and time-resolved peak shift tracking SLB
formation on silica-coated nanodisk array via vesicle fusion using 100 mol % DOPC vesicles. (b) Comparison of final wavelength shifts before and
after normalization with the respective bulk refractive index sensitivities. (c) Corresponding first-order derivative of the time-resolved peak and dip
shifts. (d) Corresponding time-resolved normalized peak-to-dip shift ratio for SLB formation on silica-coated nanowell array. (e) Schematic
comparison of SLB formation on nanodisk versus nanowell arrays.
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different plasmon modes, it should also be noted that the decay
lengths are relatively similar for the two platforms.56

Supported Lipid Bilayer Formation. We then assessed
SLB formation on the silica-coated nanodisk and nanowell
arrays via vesicle fusion by tracking the plasmonic peak and dip
shifts in real time. Optical transmission experiments were
conducted using the same microfluidic flow chamber with
equivalent diffusion flux (flow rate) for both substrates. Upon
vesicle addition, the time-resolved wavelength shift showed a
rapid increase in peak shift during the initial stage on the
nanodisk array (Figure 2a). On the contrary, the increase in
wavelength shifts occurred at a slower rate on the nanowell
array, which is expected considering the geometrical differences
between the two arrays. In the case of the gold nanodisk array,
it is straightforward for lipid vesicles to contact active regions of
the sensor surface as the nanodisk features are protruding and
fully exposed.57 However, in the case of a nanowell array, planar
areas at the top are relatively insensitive to adsorption of lipid
vesicles, and it is more challenging, and hence slower, for
adsorbing vesicles to infiltrate into the nanowells58,59 where the
sensitivity is higher. By comparing the size of lipid vesicles,
which were around 60 nm diameter (Figure S3), to the
dimensions of the nanowells (i.e., diameter of 100 nm and
depth of 200 nm), it is clear that, apart from accessing the
nanowell, achieving optimal packing inside the nanowells
leading to SLB formation is spatially constrained as well. The
difference in vesicle adsorption behaviors on the planar surface
regions versus in the interior of the nanowells also led to
slightly varied peak and dip shift kinetics. Nonetheless, a kink in
both time-resolved peak and dip shifts confirmed SLB
formation across the nanowell array.8,11,29,60

The final peak shift arising from SLB formation on the
nanodisk array was lowest at around 3.0 nm, compared to peak
and dip shifts from the nanowell array, which were around 3.4
and 4.4 nm, respectively. This trend is expected since the bulk
refractive index sensitivity of the nanodisk was also the lowest
among the three tracked signals. After normalization with the
respective bulk refractive index sensitivities, the normalized
wavelength shifts of the nanodisk peak, nanowell peak, and
nanowell dip after SLB formation were around 0.030, 0.024,
and 0.021 RIU, respectively (Figure 2b). The highest
normalized wavelength shift observed from the nanodisk
array may arise from a slightly more focused electromagnetic
field of the nanodisk array compared to the nanowell array, and
in all cases, the final measurement responses are consistent with
SLB formation.
The adsorption kinetics are also consistent with SLB

formation and were further analyzed by plotting the first-
order derivative curves of the time-resolved peak shifts (Figure
2c). As expected, the initial rate of change of the peak shift on
the nanodisk array was highest, followed by the initial rates of
change of the wavelength shifts from the peak- and dip-sensitive
regions of the nanowell. The onset of vesicle rupture also
occurs at the earliest time point for the nanodisk array. Of note,
while the initial rate of increase in wavelength shift is lower in
the dip-sensitive region of the nanowell, the onset of rupture
happened slightly earlier there compared to the peak-sensitive
region. This suggests that a smaller amount of vesicles is
required to initiate rupture inside the nanowell than on the top,
planar surface. For example, when a vesicle enters a nanowell, it
might form multiple contact points with the sidewalls/bottom
and therefore experience more extensive vesicle-surface
interactions, as opposed to when a vesicle adsorbs onto a

planar surface.7 Ultimately, vesicle rupture and SLB formation
occurred across both regions of the sensor surface.
We further evaluated the relative mass uptake at the peak-

and dip-sensitive regions of the nanowell by calculating the
normalized peak-to-dip shift ratio. Uniform mass accumulation
can be inferred when the normalized peak-to-dip shift ratio is
equal to unity. Any significant deviation above unity would
imply greater mass accumulation in the peak-sensitive region
relative to the dip-sensitive region, or vice versa. Based on the
time-resolved peak-to-dip shift ratio, we can conclude that
vesicles quickly adsorbed on the top (i.e., planar surfaces) of the
nanowell arrays in the initial stage when the peak-to-dip shift
ratio rapidly increased to around 1.8 (Figure 2d). However, as
vesicles started to fuse to form an SLB, the ratio eventually
decreased to around 1.2, pointing to the formation of a
conformal SLB across the entire array. The slight deviation
above unity is mainly contributed by a slightly more focused
electromagnetic around the peak-sensitive region. The overall
SLB formation process on the nanodisk and nanowell arrays
described above is depicted in Figure 2e.
We also performed fluorescence recovery after photo-

bleaching (FRAP) experiments to verify SLB conformality on
both arrays. Fluorescence recovery was quickest on a flat silica
surface without nanostructures, followed by nanodisk and
nanowell arrays (Figure 3a). Full recovery on flat silica was

obtained after 60 s while recovery on nanowell and nanodisk
arrays only occurred after 90 s. The trend was quantified via
normalized fluorescence intensity curves, which revealed
distinct recovery profiles on the different surfaces. While a
higher initial rate of fluorescence recovery was observed on flat
silica, the final rates of recoveries were comparable and the
fluorescence intensity curves on nanowell and nanodisk arrays
overlap closely (Figure 3b). Based on the kinetics of
fluorescence recovery, the lateral diffusivities of SLBs on flat
silica, nanodisk, and nanowell arrays were calculated using the
Hankel transform method61 and determined to be 1.64, 1.52,
and 1.36 μm2/s, respectively (Figure 3c). The corresponding

Figure 3. (a) FRAP measurements for SLBs formed on flat silica
surface, silica-coated nanodisk array, and silica-coated nanowell array.
(b) Corresponding FRAP recovery curves for SLBs formed on flat
silica surface, silica-coated nanodisk array, and silica-coated nanowell
array. (c) Comparison of diffusion coefficients for SLBs formed on the
three substrates. (d) Comparison of corresponding mobile fraction
percentages for SLBs formed on the three substrates.
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mobile fractions were 77.18, 67.81, and 60.73%, respectively
(Figure 3d). The magnitudes of the differences in diffusivities
and mobile fractions are reasonable because the nanostructures
present a larger effective area (i.e., compared to the planar
equivalent) for diffusion, leading to an effective drop in the
diffusion coefficient.8 The deep cavity nanostructures also lead
to SLB regions with higher aspect-ratio features because the
SLB does not lie contiguously on the same plane, and these
bent features make the SLB less mobile. In any case, these
results provide evidence supporting the formation of relatively
conformal SLBs on both arrays across planar as well as
positively and negatively curved regions, for subsequent
membrane-peptide interaction studies.
AH Peptide Interaction with Supported Lipid Bilayer.

After establishing conformal SLBs on both arrays, we next
proceeded to investigate membrane-peptide interactions by
employing AH peptide. We injected AH peptide with
successively increasing concentrations from 500 nM to 16
μM into the measurement chamber for both sensing arrays. In

general, subtle changes to the time-resolved peak shift were
observed at low concentrations, and a noticeable increase in
peak shift was detected at 8 μM and higher AH peptide
concentrations (Figure 4a). To analyze the concentration-
dependency effect, we normalized the absolute wavelength
shifts with the bulk refractive index sensitivities of the
respective signals and plotted the normalized wavelength shift
versus AH peptide concentration (Figure 4b). For the
interaction of AH peptide with the SLB-coated nanodisk
array, a brief dip in the normalized wavelength shift was
observed when the AH peptide concentration was increased up
to 2 μM, above which the wavelength shift consistently
increased up to a concentration of 16 μM. Interestingly, a
similar trend was also observed for the AH peptide interaction
with the SLB in the dip-sensitive region of the nanowell array.
On the contrary, a gradual decrease in normalized peak shift
was observed for AH peptide interactions with the SLB in the
peak-sensitive region of the nanowell up to a concentration of 8

Figure 4. (a) Time-resolved peak and dip shifts tracking AH peptide interaction with SLB on the nanowell array and time-resolved peak shift
tracking AH peptide interaction with SLB on the nanodisk array, with stepwise increase in AH peptide concentration from 500 nM to 16 μM. (b)
Corresponding plots of normalized extinction wavelength shifts versus AH peptide concentration. (c) Comparison of normalized extinction
wavelength shifts after the addition of 16 μM AH peptide. (d) Corresponding time-resolved normalized peak-to-dip shift ratio arising from AH
peptide interaction with SLB on the nanowell array. (e) Schematic illustration of AH peptide interaction with SLB at the peak- and dip-sensitive
regions of the nanowell array as a function of AH peptide concentration.
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μM, above which a sharp decrease in wavelength shift was
observed.
The measurement responses from the peak- and dip-sensitive

regions of the nanowell array moved in opposite directions,
indicating striking differences in the membrane-peptide
interaction behavior at regions of positive and negative
membrane curvature (Figure 4c). While slight differences in
the electromagnetic field distribution of the nanodisk and
nanowell arrays might influence the magnitude of the signal
responses, the varying direction of the measurement responses
provides clear evidence that the membrane−peptide interaction
strongly depends on membrane curvature. Since the peak shift
signal from the shallow nanodisk (i.e., mainly arising from
planar regions and those with mild positive curvature)
displayed a similar trend to the nanowell dip shift signal, we
can infer that the decrease in the nanowell peak shift is mainly
arising from the highly positive curvature area of the peak-
sensitive region. In other words, by comparing the three
wavelength shifts, we have factored out the contribution from
planar and negatively curved regions. Taken together, these
observations suggest that, at planar regions and those with
mildly positive membrane curvatures, AH peptide generally
adsorbs onto the lipid bilayer with minimal to zero membrane
disruption, as evidenced by modest positive wavelength shifts of
the nanodisk peak and nanowell dip. However, at regions of
highly positive membrane curvature, the peptide binds to the
bilayer causing concentration-dependent membrane disruption
up to a concentration of 8 μM AH peptide, above which
significant membrane disruption occurs, as inferred from a
negative wavelength shift of the nanowell peak.
To closely follow the relative mass changes at different

regions of the nanowell array, we also analyzed the normalized
peak-to-dip shift ratio over time. We found that, upon addition
of AH peptide at low concentrations, the normalized peak-to-
dip shift ratio remained relatively constant at around 1.3
(Figure 4d). The peak-to-dip shift ratio then significantly
decreased to around 1.1 upon addition of 16 μM AH peptide,
suggesting a loss of mass at the peak-sensitive region. However,
upon switching to buffer, the normalized peak-to-dip shift ratio
increased again to slightly above 1.3, implying that there is
significant reorganization of the SLB to occupy the disrupted
regions. This also indicates that AH peptide only disrupts the
membrane at concentrated regions of highly positive curvature,
leaving the surrounding bilayer regions intact, and subsequently
ensured a sufficient amount of lipid molecules for bilayer
reorganization once excess peptide molecules are rinsed away.
The process of AH peptide’s interaction with SLBs at different
regions of the nanowell array and, at varying peptide
concentrations as described above, are summarized in Figure
4e.
Collectively, our findings demonstrate that AH peptide

significantly disrupts the membrane only at regions of highly
positive membrane curvature and only at sufficiently high
concentrations above 8 μM, even though the peptide still binds
to other regions. As shown through previous works employing
adsorbed vesicle layers48,49,62 as well as tethered single
vesicles,47,51 the curvature-dependent AH peptide activity
against the conformal lipid bilayer can be attributed to strain-
dependent pore formation.47 At the same time, the
concentration threshold observed in this work matches well
with results from the work by Wang et al. whereby it was
observed that AH peptides adsorbed onto SLBs up to a critical
concentration at which it began to aggregate leading to

membrane pore formation and SLB solubilization.63 The
agreement with previous works emphasizes the advantages of
using SLB-coated arrays to study the effect of biomolecule
concentration vis-a-̀vis membrane curvature. As opposed to
utilizing intact vesicles of different sizes whereby there would be
limited spatial control over the binding of biomolecules, the use
of SLBs that are conformal on the nanostructured arrays
ensures that biomolecular binding leading to membrane
solubilization would only occur at sensitive regions of the
measurement platform, ensuring sharper measurement re-
sponses.

■ CONCLUSIONS
In this work, we have utilized nanoplasmonic sensor arrays with
different nanostructure geometries to investigate the effects of
membrane curvature on membrane−peptide interactions. SLBs
served as model membranes and were formed on silica-coated
gold nanodisk and nanowell arrays via vesicle fusion. The
bilayer formation process was tracked in real-time, and the
conformality and fluidic properties of the SLBs on the
nanostructures were characterized. The effect of positive and
negative membrane curvatures, along with planar regions, on
membrane−peptide interactions was then systematically
investigated using AH peptide as a curvature-sensitive probe.
The introduction of increasing concentrations of AH peptide to
the bilayer-coated nanodisk array resulted in a gradual increase
in the LSPR peak shift. On the contrary, a net decrease in peak
shift but a gradual increase in dip shift was observed using the
bilayer-coated nanowell array. These measurement responses
suggest that, for planar and negatively curved membrane
regions, AH peptide binds to the bilayer with negligible
membrane solubilization across all tested peptide concen-
trations. On the other hand, at membrane regions of highly
positive curvature, AH peptide binds to the bilayer with
minimal disruption up to a concentration of 8 μM, above which
significant membrane disruption occurs. These findings high-
light the potential of developing real-time nanoplasmonic
sensing strategies that are composed of multiple plasmonic
signals with high sensitivity to distinct sensing regions with
different nanostructured curvatures. Taken together, our results
demonstrate how nanoplasmonic arrays with different geo-
metries can be employed to overcome challenges associated
with quantifying the effects of membrane curvature at the
nanoscale. At the same time, our work highlights the excellent
potential of integrating high-precision nanofabrication techni-
ques with nanoplasmonic sensing approaches for quantitative
biointerfacial science.
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2007, 7, 3462−3468.
(9) Larsson, E. M.; Edvardsson, M. E. M.; Langhammer, C.; Zoric,́ I.;
Kasemo, B. Rev. Sci. Instrum. 2009, 80, 125105.
(10) Ferhan, A.; Ma, G.; Jackman, J.; Sut, T.; Park, J.; Cho, N.-J.
Sensors 2017, 17, 1484.
(11) Ferhan, A. R.; Jackman, J. A.; Cho, N.-J. Anal. Chem. 2016, 88,
12524−12531.
(12) Ferhan, A. R.; Jackman, J. A.; Cho, N.-J. Phys. Chem. Chem. Phys.
2017, 19, 2131−2139.
(13) Ferhan, A. R.; Jackman, J. A.; Cho, N.-J. Anal. Chem. 2017, 89,
4301−4308.
(14) Jackman, J. A.; Ferhan, A. R.; Yoon, B. K.; Park, J. H.; Zhdanov,
V. P.; Cho, N.-J. Anal. Chem. 2017, 89, 12976.
(15) Jackman, J. A.; Yorulmaz Avsar, S.; Ferhan, A. R.; Li, D.; Park, J.
H.; Zhdanov, V. P.; Cho, N.-J. Anal. Chem. 2017, 89, 1102−1109.
(16) Jackman, J. A.; Zhdanov, V. P.; Cho, N.-J. Langmuir 2014, 30,
9494−9503.
(17) Lopez, G. A.; Estevez, M. C.; Soler, M.; Lechuga, L. M.
Nanophotonics 2017, 6, 123.
(18) Spackova, B.; Wrobel, P.; Bockova, M.; Homola, J. Proc. IEEE
2016, 104, 2380−2408.
(19) Langhammer, C.; Larsson, E. M.; Kasemo, B.; Zoric,́ I. Nano
Lett. 2010, 10, 3529−3538.
(20) He, J.; Boegli, M.; Bruzas, I.; Lum, W.; Sagle, L. Anal. Chem.
2015, 87, 11407−11414.
(21) Lindquist, N. C.; Nagpal, P.; McPeak, K. M.; Norris, D. J.; Oh,
S.-H. Rep. Prog. Phys. 2012, 75, 036501.
(22) Dahlin, A. B.; Wittenberg, N. J.; Höök, F.; Oh, S.-H.
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